Directional cell motility relies on the ability of single cells to establish a front-rear polarity and can occur in the absence of external cues. The initiation of migration has often been attributed to the spontaneous polarization of cytoskeleton components, while the spatiotemporal evolution of cell-substrate interaction forces has yet to be resolved. Here, we establish a one-dimensional microfabricated migration assay that mimics the complex in vivo fibrillar environment while being compatible with high-resolution force measurements, quantitative microscopy, and optogenetics. Quantification of morphometric and mechanical parameters of NIH-3T3 fibroblasts and RPE1 epithelial cells reveals a generic stick-slip behavior initiated by contractility-dependent stochastic detachment of adhesive contacts at one side of the cell, which is sufficient to trigger cell motility in 1D in the absence of pre-established polarity. A theoretical model validates the crucial role of adhesion dynamics, proposing that front-rear polarity can emerge independently of a complex self-polarizing system.
INTRODUCTION
Directional motility is a plastic process (1) that is the fundamental basis of key biological processes in eukaryotes, such as embryonic morphogenesis, leukocyte trafficking in immune surveillance, and tissue regeneration and repair (2, 3, 4) . Furthermore, aberrations in signaling pathways regulating cell migration contribute to tumor invasion (5) and metastasis (6) . Over the past decades, two main modes of migration have been identified: adhesion-dependent mesenchymal (7) and adhesion-independent amoeboid migration (8) . These migration modes differ in the way forces are generated and transduced within the cell. However, the breaking of cell symmetry is a fundamental process at the basis of any migration event (9, 10) .
In the absence of external polarity cues, several mechanisms of spontaneous symmetry breaking have been proposed and are based on polarization of cytoskeleton components (11) . For instance, gradients or patterns of morphogens can arise because of specific reaction-diffusion patterns within the cell, leading to its polarization (12) . More recently, several mechanisms of spontaneous symmetry breaking of the actomyosin system itself have been proposed, on the basis of either actin polymerization (13, 14) or actomyosin contractility (15, 16, 17) . However, relating these symmetry breaking events of various components of the cellular cytoskeleton to both cell-substrate forces and cell locomotion remains largely unexplored.
In the specific case of mesenchymal migration, the spatiotemporal sequence of mechanical symmetry breaking remains controversial. Different models are distinguished by the temporal order in which distinct cytoskeleton forces are activated to trigger directional movement (18) . Most studies emphasize force generation due to actin polymerization in the cell front as a first step to initiate migration (3, 19, 20) . On the contrary, actomyosin II-mediated contractility within the cell rear has been identified as a first step to break cell symmetry in keratocytes (21) . Thus, determining the spatiotemporal dynamics of cellular forces and morphological events at the initiation of migration is still an open and major question in biology.
To address this question, we developed a single-cell one-dimensional (1D) migration assay based on real-time force imaging, quantitative microscopy, and soft micropatterning to dynamically quantify in parallel mechanical and morphological parameters during spontaneous symmetry breaking. We found that mesenchymal cells confined to thin adhesive one-dimensional (1D) lines had a characteristic spatial force pattern, from which migratory and multipolar force parameters could be extracted in a straightforward and simplified manner. Our analysis demonstrates the critical role of force-mediated adhesion detachment in the rear of the cell. In particular, we show that migration can occur in the absence of a preestablished cytoskeleton polarity. A theoretical model based on the experimentally observed stick-slip motion shows that these patterns are controlled by coupled dynamics of the actomyosingenerated contractility and cell-substrate adhesion dynamics. We show that this coupling induces correlation between cell speed and cell length, which we could observe by analyzing single-cell trajectories of multiple cell lines, confirming the robustness of the proposed stick-slip behavior.
RESULTS AND DISCUSSION
Quantitative migration assay to probe the dynamic force modulations during spontaneous symmetry breaking in 1D To quantitatively investigate the dynamics of spontaneous symmetry breaking events in cells at the level of both morphological parameters and distribution of interaction forces with the environment, we developed a 1D migration assay (Fig. 1A ) that combined timeresolved traction force microscopy (TFM) (22, 23, 24) and soft micropatterning (25) .
Using this bottom-up approach, we followed single epithelial cells [hTERT (human telomerase reverse transcriptase)-immortalized retinal pigment epithelial cell line (RPE1)] during the initiation of spontaneous migration and extracted morphometric and mechanical parameters. As expected (26, 27) , RPE1 cells plated on patterned 40-kPa polyacrylamide hydrogels adhered to 1D fibronectin lines (2-or 5-m width) within 1 to 2 hours. The cells displayed elongated shapes with long actin fibers oriented parallel to the micropattern and cell axis (Fig. 1B) .
In the absence of any external cue, we observed a biphasic motile behavior: symmetric elongation of a static cell (spreading phase) before spontaneously initiated directional movement (migration phase; Fig. 1C ). In parallel, tangential stress measurements revealed defined stress compartments at both cell edges due to contractile forces oriented toward the center of the cells (Fig. 1D) . Hence, cells behaved as force dipoles, as described previously (14, 28, 29, 30) . During the spreading phase, both cell elongation dynamics and force distribution patterns were fully symmetric with respect to the cell center of mass. At the onset of motility, morphological polarization and simultaneous asymmetrical redistribution of forces occurred, characterized by a single defined local stress compartment at the cell front and a substantially widened stress distribution with lower traction stress at the rear ( Fig. 2A) . This was accompanied by rapid retraction of the cell rear (Fig. 1D) .
Current models emphasize the formation of a distinct cell front as the first event when cell migration is initiated (10, 31) . In contrast, we observed that cell spreading was qualitatively symmetric on both sides and that symmetry breaking occurred with the sudden retraction of the rear. This led us to hypothesize that contractility builds up in a nonpolarized cell, resulting in a local stress increase at both extremities until adhesions in the prospective rear detach.
Single migrating cells display a stochastic stick-slip behavior due to the coupled dynamics of contractility and adhesions To challenge the hypothesis that symmetry breaking does not require preestablished rear-front polarity as previously thought (32, 21) , we quantified the coordination between mechanical polarization and morphological events. To first confirm the qualitative observation of anisotropic redistribution of traction forces, we adapted multipolar analyses, classically used in the field of microswimmers (33) , to our 1D conditions to quantify the asymmetry of the force distribution. We first projected the stress profile along the micropattern axis to obtain a 1D stress profile, a mechanical footprint of the cell. From that, we computed the variance of positive-and negative-directed traction stress profiles (D + , D − ), which quantified the spatial distribution of each stress compartment at opposite poles of the cell. The normalized ratio, (D + − D − )/(D + + D − ) (analogous to the normalized stress quadrupole), quantifies the symmetry of the spatial stress distribution and will be referred to as force asymmetry parameter ( Fig. 2A) .
Nonmigrating cells exhibited a force asymmetry parameter fluctuating around zero, indicating a nonpolarized static phase ( Fig. 2A) . Consistently, fluctuations in the actin profiles were also observed in static phases ( fig. S1 ). No significant polarization of actin distribution was observed before migration initiation. Nevertheless, upon initiation of each migration step, the force asymmetry parameter displayed a sharp transient peak. This sudden increase corresponded to a widening of the spatial stress distribution in the rear of the cell while the stress pattern at the cell front remained localized to the cell edge. This asymmetry subsequently relaxed, leading to another static phase. Several iterations of such phases were typically observed. Consistently, we found larger values in the amplitude of the asymmetry parameter in moving phases in comparison to the static ones for multiple analyzed cells. Thus, initiation of migration is characterized by a sharp increase of the force asymmetry parameter and can occur in the absence of prior polarization of the actin cytoskeleton.
We subsequently hypothesized that stress builds up and fluctuates during the spreading phase until one end randomly detaches, producing a cell rear. This hypothesis was supported by the evolution of the total traction force, a measure of the strength of the mechanical interaction of the cell with the substrate, quantified via TFM. We observed that, in static phases, cell spreading was associated with an increase of the total traction force. Upon the initiation of migration, the force level dropped by approximately 50% (fig. S2) . Notably, this decrease in mechanical interaction was directly correlated with a shortening in cell length due to the sudden retraction of the rear (Fig. 2B and fig. S3 ). To confirm the role of adhesion detachment, we fluorescently labeled cell-substrate anchor points using vinculinenhanced green fluorescent protein (vin-eGFP) to follow the time evolution of adhesion patches during migration. As previously described (34) , adhesion sites at the front of the cell were continuously contacting the substrate, while adhesion sites at the rear followed two distinct phases: attachment (cluster growth) and switching abruptly to detachment (disassembly and sliding of smaller adhesion patches; Fig. 2C ). Cell morphology and its polarity features showed similar behavior as after the initial symmetric spreading phase, abrupt retraction of the rear triggered subsequent nuclear translocation. Furthermore, throughout the migration cycle, the trailing edge displayed two distinct phases of motion, while the front continuously moved forward (Fig. 2C ). This destabilization of the trailing edge demonstrated the critical role of adhesion detachment in the back of the cell. The observed discontinuous migration is similar to what is known in physics as a stick-slip mechanism (Fig. 2D) . During the initial spreading phase, cells elongated symmetrically while increasing their contractile stress (stick). Upon reaching a level of stress that adhesion complexes could no longer sustain, adhesions on one cell edge stochastically detached from the substrate. This led to cell shortening due to retraction of the rear and a decrease in cell-substrate interaction (slip). Recovery of the initial cell length and contractility level occurred during the subsequent stick phase. As a consequence of this stick-slip migration, the propensity of cells to enter migratory phases appeared to crucially depend on (i) contractility and (ii) adhesion properties.
To substantiate this observed stochastic stick-slip behavior, we devised a physical model based on minimal ingredients (see the Supplementary Materials for detailed description). The actin cytoskeleton was described as an active, homogeneous 1D viscoelastic gel (35) . We assumed that the cell's cytoskeleton was fully unpolarized and that the cell body could be mechanically characterized by an effective stiffness k. This elastic behavior encompasses active (i.e., because of motor activity) and passive contributions of both cytoskeleton and membrane. Adhesion sites were described in the framework of the active gel theory as localized regions at both cell extremities carrying outward pointing actin polarity p and subjected to an active force F a = p, where  is a phenomenological coupling constant, which induced cell expansion. The key ingredient of the model
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relies on the dynamics of adhesion sites, which was written phenomenologically as p ̇ = g( v p ) − p . Here,  models the rate of actin turnover, and g the dynamics of adhesion sites assembly that depends on the local velocity v p = v · u p over the substrate. g is a priori very asymmetric (Fig. 2E ). This accounts for the fact that adhesion assembly is drastically reduced upon edge retraction and mildly affected by edge expansion. The analysis of the model revealed that the actin turnover rate critically controls the dynamics. In particular, at a slow turnover rate (as defined in the Supplementary Materials), the system was found to display a stochastic stick-slip behavior, (which notably differs from classical stick-slip behaviors characterized by deterministic oscillations). Cells were predicted to slowly expand and reach the fixed point of the dynamics where any fluctuation leading to infinitesimal retraction is unstable: One end of the cell therefore retracts before spreading symmetrically again. Last, the model successfully predicts that dynamics are critically controlled by the adhesion turnover rate  and the maximal contractile force, as summarized in the phase diagram of Fig. 2F , and reproduces the observed stochastic stick-slip dynamics (Fig. 2G) .
Of note, the 1D model that we present here is based on the dynamics of cell edges that extend in opposite directions during spreading. A simple generalization of the model from 1D to higher dimensions would be to consider N-competing protrusions (instead of two in the 1D setting) described by the dynamics introduced above while preserving global force balance. In this case, a similar stochastic stick-slip scenario (force buildup until adhesions rapture) can be expected in 2D or 3D environments; this is left for further works.
Local RhoA optogenetic stimulation triggered rear formation and mimicked the initiation of migration
To challenge the proposed stochastic stick-slip mechanism, we used optogenetics to disrupt its predicted spatiotemporal sequence. We used NIH-3T3 cells stably expressing a Cry2-CIBN (N-terminal domain of cryptochrome-interacting basic-helix-loop-helix) optogenetic probe to dynamically control the localization of ArhGEF11, an upstream regulator of the master regulator of cell rear retraction, RhoA [from now on referred to as optoGEF_RhoA; (36)]. Upon stimulation with blue light, optoGEF_RhoA dimerizes with the CAAX-anchored protein CIBN, leading to its immediate translocation from the cytoplasm to the membrane where it activates RhoA, triggering asymmetric recruitment of actin and subsequent cell migration away from the photoactivation spot. The initiated movement was characterized by a distinct front-rear polarity that was maintained throughout the whole stimulation cycle. By switching the side of stimulation, actin polarity and direction of movement were inverted (Fig. 3A) .
This optogenetic approach combined with quantitative force measurements revealed a RhoA-mediated instantaneous and local increase of traction forces in the zone of activation. This transient and spatially confined force increase was followed by a global decrease of the mechanical interaction of the moving cell with its substrate, as seen on the total traction force (Fig. 3B) . This drop was similar to the one observed during spontaneous migration (Fig. 2C) , which was attributed to adhesion detachment at the cell rear. To confirm that the same process was at play here, we imaged adhesions by transiently transfecting optogenetic cells with vin-iRFP (infrared fluorescent protein). Upon light-induced RhoA activation, we observed first reinforcement, then detachment and sliding of adhesions (Fig. 3C ). As actomyosin contractility was stimulated, adhesions were submitted to an increasing level of stress that first led to vinculin recruitment (positive feedback) (37) but ultimately caused adhesions to dissociate. Hence, local stimulation artificially created the cell rear, triggering the first step of cell translocation (adhesion detachment) as in the case of spontaneous migration.
Tuning adhesion/force balance switched migratory behavior of NIH-3T3 and RPE1
A key prediction of the stick-slip model is that spontaneous symmetry breaking strongly depends on contractility and adhesiveness. To challenge this prediction and to further investigate the stick-slip migration mechanism illustrated in Fig. 2 , we systematically analyzed the main parameters of our theoretical model (cell length, adhesion size, and total traction forces) and correlated them with the migratory parameters of single cells of two distinct cell types exhibiting different motile behaviors. The instantaneous speed of the cell centroid was used as a parameter to represent the migration capacity of single cells. To test the broader applicability of the model, fastmigrating RPE1 (38) cells were compared to fibroblast cells (NIH-3T3) that exhibit slow mesenchymal migration (39) .
RPE1 cells exhibited a higher speed compared to NIH-3T3 that mostly remained in a static spreading phase with less frequent retraction phases. Comparing cell morphology and traction force level of both cell types, we observed that NIH-3T3 cells exhibited a longer spreading length associated with a larger mechanical interaction of the cells with their microenvironment (Fig. 4A) . This result may appear counterintuitive as larger traction forces should facilitate detachment of adhesions and thus cellular movement. However, in the classical catch-bond model, an increase of force would also induce a stabilization and reinforcement of adhesion sites (40) . Consistent with this, NIH-3T3 cells had larger adhesion patches compared to RPE1 cells.
To analyze adhesion strength in more detail, we quantified adhesion dynamics in both cell types. First, total internal reflection fluorescence microscopy (TIRFm) of vin-eGFP adhesions revealed faster adhesion turnover in RPE1 cells compared to NIH-3T3 fibroblasts (movie S1). To further quantify the difference in adhesion dynamics between both cell types, we performed fluorescence recovery after photobleaching (FRAP) experiments on adhesive patches localized at edges of nonmotile cells. To do so, we specifically chose cells that had well-defined symmetric morphologies, indicating that these cells were unlikely to migrate (stick phase). We were thus able to assure measurements independent of any potential intracellular front-rear polarity effects, which might arise during slip phases, by performing FRAP experiments on random sides for a high number of nonpolarized static cells. These FRAP experiments revealed two time components: a fast one that was related to the diffusion of vinculin molecules within the cytosol and a slow one corresponding to the residence time of immobilized vinculin within the adhesion sites (Fig. 4B) . The measured slow and fast component ratios revealed that RPE1 cells displayed a lower fraction of bound vinculin compared to NIH-3T3. Since vinculin binding promotes adhesion stability, our data indicated that RPE1 cells exhibited more labile adhesions, while NIH-3T3 adhesions were expected to sustain higher tension without breaking. These findings are in agreement with the stick-slip model since faster RPE1 cells would undergo fast spreading/retraction cycles (large ), while less motile NIH-3T3 relaxed more slowly to the unstable fixed point (small ). Therefore, the migratory behavior of these two cell types could be explained, in the framework of our stickslip model, by cells having different levels of adhesiveness and contractility.
To further confirm the validity of this model, we used pharmacological treatments to perturb the balance between adhesiveness and contractility. We used a low dose of blebbistatin (3 M) to decrease contractility (41) in NIH-3T3 fibroblasts and 1 M pF573,228 to stabilize adhesions (42) in RPE1 cells. As both parameters (contractility and adhesion strength) are bidirectionally coupled through positive feedback loops (40, 43, 44) , one could not be modulated without affecting the other. Blebbistatin-treated NIH-3T3 cells were more readily able to initiate migration, as shown by the increase of their migration speed (Fig. 4C) . They exhibited a decrease of total traction force as expected, but also a shortening of the average cell length, which suggested that these cells can more easily detach their adhesions. The size of adhesion patches decreased significantly upon blebbistatin treatment (Fig. 4C) . Hence, by inhibiting contractility, cell adhesiveness was lowered, which facilitated the rear detachment and led to cell shortening and increased motility.
In agreement with the stick-slip model, low maximal contractile force corresponded to low cell/substrate interactions, giving rise to reduced cell spreading and therefore smaller cell length and potentially larger speeds (provided that the cytoskeleton is polarized). Fig. 3 . RhoA optogenetic control of cellular force symmetry breaking. (A) Schematic representation of light-induced Cry2-CIBN dimerization and local RhoA activation due to its close proximity to its upstream regulator optoGEF_RhoA. Bright-field and actin imaging and quantification showed the light-induced migration away from the photoactivation area (blue square), which is characterized by a transient front-rear polarity and actin asymmetry (dashed line, nucleus position at t0). (B) Local and global force response of the light-induced rear and of the whole cell, respectively, showed a transient local contractility increase at the perspective rear followed by a global decrease of the mechanical cell-substrate interaction. (C) Cells stably expressing vinculin-iRFP revealed local adhesion reinforcement within the photostimulated area followed by a subsequent adhesion detachment. Dashed line indicates nucleus position at t0. Scale bar, 10 m. a.u., arbitrary units.
On the contrary, stabilizing focal adhesions on RPE1 cells decreased their velocity. It also induced a lengthening of the cells and larger adhesion patches (Fig. 4D) as predicted by our model: Diminishing the turnover rate  induces a marked stick-slip behavior, with long spreading phases, and therefore large cell length, and slow speed. The dependence of the stick-slip behavior on the turnover rate and contractility results in inverse correlation between average cell length and migration velocity (Fig. 5A) , which was consistently observed in both NIH-3T3 and RPE1 cells. More elongated cells, such as NIH-3T3, were associated with stronger adhesions, as they could spread more without detaching, and hence a lower velocity.
When this detachment occurred at an early stage of spreading, corresponding to low stress levels, cells were shorter and exhibited higher migration speeds, as in the case of RPE1.
Stochastic stick-slip behavior induces a robust coupling between cell length and cell speed Last, we asked whether the stick-slip paradigm would operate also in the presence of additional polarization mechanisms. We used deposited data of single-cell trajectories of various cell types on patterned adhesive 1D lines [First World Cell Race (39) ]. For each cell line, both instantaneous cell speed and cell length were extracted and correlated with each other (Fig. 5B) . Notably, the negative correlation between cell length and cell speed, consistent with the stick-slip regime, was confirmed for most of cell lines.
Our findings demonstrate that a stochastic stick-slip mechanism, which is intrinsically based on the properties of adhesion dynamics, is a very robust feature of adherent cell migration. In particular, while this mechanism provides a simple scenario of spontaneous symmetry breaking and cell polarization, our results do not exclude that stickslip behavior might also occur in the presence of other polarization mechanisms.
Conclusion
To summarize, we presented an original 1D migration assay based on a combination of soft micropatterning, force imaging, and optogenetics. Movement of cells was restricted along thin adhesive lines and characterized by a distinctive spatiotemporal force pattern. Because of this, we were able to extract and interpret migratory and force parameters in a simplified and straightforward manner, while, at the same time, partially mimicking relevant physiological conditions of 3D fibrillar migration absent in conventionally performed 2D migration studies (26) .
Applying this 1D approach in combination with a theoretical framework, we have uncovered a generic stick-slip mechanism, which complements previous studies. Other studies have proposed distinct symmetry breaking scenarios, which emerge either within the front or rear of a cell, generating a cytoskeletal polarity (and hence force asymmetry) before the initiation of migration (20, 21) . In contrast, our proposed mechanism allows cells to spontaneously break their symmetry by stochastically detaching adhesive contacts on one side, resulting in a migratory step in the opposite direction. The main originality of our work is that symmetry breaking can emerge independently of a prior polarity of the actin cytoskeleton, due to instabilities of the mechanochemical coupling of the cell to its environment via adhesion sites. This process is controlled by the interplay of contractile forces and focal adhesion dynamics. Hence, by modifying contractility and adhesiveness of the cell, the rate of such stochastic steps (i.e., the instantaneous speed of cell motion) can be controlled. Although the focus of this paper is on mesenchymal cell migration, we anticipate that amoeboid motility could be understood as an extreme regime of a similar mechanism, in which a high adhesion turnover rate causes cells to remain within a fast-moving slip phase. In addition, we found that stochastic stickslip is responsible for a negative correlation between cell length and cell speed, which we observed across many cell types, thereby suggesting the relevance and robustness of this mechanism beyond the specific 1D assay and the two main cell types that we analyzed in this paper. In light of our findings, cell length represents a direct readout of cell adhesiveness and thus appears as a straightforward parameter to predict cell migratory behavior.
Our stick-slip model explains the adhesion-dependent initiation of migration with an equal probability for cells to start moving in either one of the two possible directions. Yet, once symmetry was broken, we observed cells exhibiting either oscillatory motion with frequent directional changes or persistent movement in one direction. However, how the first stochastic step can lead to the emergence of persistent migration remains out of the scope of our study. Other mechanisms regulating polarity are likely to be at play after initiation of migration and are expected to bias the direction of movement and/or reinforce persistence once symmetry is broken [e.g., other force-generating cytoskeleton systems like the microtubule network as well as the positioning of its organizing center the centrosome (45, 46) ]. Together, stochastic stick-slip appears as a basic mechanism of symmetry breaking for various adherent mammalian cell types, which can coexist with other polarization mechanisms.
MATERIALS AND METHODS

Experimental design
The general goal of this study was to unravel a temporal sequence of events by following the evolution of the mechanical cell-substrate interaction during spontaneous symmetry breaking. To do so, we designed an in vitro cell migration assay. Our in vitro approach allowed us to simultaneously extract morphometric and mechanical parameters. To do so, our experimental setup was based on a combination of different techniques: The migration assay that we developed is based on microfabrication of thin adhesive linear tracks on soft substrates and force imaging. This bottom-up approach was used to identify key regulating mechanical parameters during spontaneous symmetry breaking. In addition, we further validated and challenged our findings by using pharmacological treatments and optogenetic approaches and extended our study by screening various cell types. (Life Technologies) , respectively, containing 10% heat-inactivated fetal bovine serum (Life Technologies) and penicillin/streptomycin (100 g/ml) (Sigma-Aldrich).
Cells were plated on patterned polyacrylamide (PAA) hydrogels at a low density of 6 × 10 3 cm −2 and allowed to spread for 2 to 4 hours. For life imaging, the medium of NIH-3T3 WT/vin-eGFP/optoGEF_ RhoA was replaced by Leibovitz's L-15 medium (Life Technologies).
Soft micropatterning
Fibronectin line patterned PAA hydrogels were microfabricated using the glass technique described by Vignaud et al. (47) . In short, 32-mm glass coverslips (VWR) were plasma-treated for 30 s and incubated for 30 min at room temperature (RT) with poly-l-lysinegrafted-polyethylene glycol (0.1 mg/ml, pLL-PEG, SuSoS) diluted in Hepes [10 mM (pH 7.4), Sigma-Aldrich). After washing in deionized phosphate-buffered saline (dPBS, Life Technologies), the pLL-PEGcovered coverslip was placed with the polymer brush facing downward onto the chrome side of a quartz photomask (Toppan) for photolithography treatment (5-min ultraviolet-light exposure, UVO Cleaner Jelight). Subsequently, the coverslip was removed from the mask and coated with fibronectin (20 l/ml) (Sigma-Aldrich) and Alexa Fluor 546-conjugated fibrinogen (20 l/ml) (Invitrogen) diluted in dPBS for 30 min at RT. In the meantime, a premix of acrylamide (SigmaAldrich), N,N-methylenebis (acrylamide) (Sigma-Aldrich) and dPBS was mixed [ratio for a final Young modulus of 40 kPa described in (48) ] and degased for 20 min. After, fluorescent nanobeads (dark red, F-8807 PS Invitrogen; dragon green, FCDG003 Bangs Laboratories) were added to the premix, and the dispersion was sonicated for 5 min (Bandelin Sonorex). To initiate polymerization, 1 l of ammonium persulfate and 1 l of tetramethylethylenediamine were added to 165 l of premix and vortexed. A drop of 47 l was immediately placed onto the protein-coated glass coverslip and covered with a previously silanized glass coverslip. Salinization was facilitated beforehand by treating the glass surface with 100% ethanol (Fluka Analytical) containing 0.0035% (v/v) PlusOne Bind-Silane (GE Healthcare Life Science) and 0.0035% (v/v) acetic acid (Sigma-Aldrich). After 30 min of polymerization at RT, the sandwiched coverslips were emerged in double-distilled water (ddH 2 O) and separated with a scalpel. The PAA hydrogel patterned with fibronectin attached to the silanized coverslip and was stored in dPBS at 4°C for up to 1 week.
Drug treatment
After at least 3 hours of cell spreading, either one of the following inhibitors was added: 3 M blebbistatin (Sigma-Aldrich) or 1 M pF573,288 (Sigma-Aldrich). Control samples were treated with 0.025% dimethyl sulfoxide (Sigma-Aldrich).
For static imaging, cells were fixed after two subsequent hours of incubation with the inhibitor. For live imaging, cells were exposed to the inhibitor for up to 16 hours.
Before permeabilization and fixation RPE1 vin-eGFP and NIH-3T3 vin-eGFP cells were fixed after 5 hours of spreading. First, cells were prepermeabilized using 0.25% Triton X-100 (Sigma-Aldrich) diluted in cytoskeleton buffer [10 mM 2-ethanesulfonic acid (MES, Sigma-Aldrich), 100 mM potassium chloride (KCl, Sigma-Aldrich), and 3.6 mM magnesium chloride hexahydrate (MgCl 6H 2 O, Sigma-Aldrich), and 1.9 mM aminopolycarboxylic acid (EGTA, Sigma-Aldrich) in ddH 2 O]. The sample was quickly rinsed with the prepolymerization solution and immediately placed into the fixation buffer [4% paraformaldehyde and 10% (w/v) sucrose (SigmaAldrich) in cytoskeleton buffer]. After 15-min fixation at RT, samples were washed once with cytoskeleton buffer and blocked for 30 min at RT with blocking buffer [0.5% bovine serum albumin (SigmaAldrich), 0.1% sodium azide (NaN 3 , Sigma-Aldrich), and 20 mM glycine (Sigma-Aldrich) in dPBS]. For additional staining of filamentous actin (F-actin), samples could be incubated for 30 min at RT with Alexa Fluor 647 phalloidin (Sigma-Aldrich) diluted in blocking buffer (1:1000). The fixed sample was mounted onto a glass slide using Fluoromount-G (Electron Microscopy Sciences) and stored at 4°C.
Adhesion imaging and analysis
Static adhesion imaging was performed on fixed samples using an inverted confocal microscope (Leica TCS-SP8) using a 40× objective (oil immersion, numerical aperture 1.3). Individual adhesion sizes of different conditions were extracted with Fiji using an approach described previously (49) .
For dynamic adhesion imaging, NIH-3T3 vin-eGFP, RPE1 vin-eGFP, or NIH-3T3 optoGEF_RhoA cells were plated on fibronectin line patterned glass substrates to enable TIRFm. We used an inverted microscope (Axiovert 200 M, Zeiss) equipped with a charge-coupled device (CCD) camera (Clara CCD, Andor) and a 488-nm argon laser. Cells were kept at 37°C and imaged every minute for at least 1 hour. Adhesion dynamics were quantitatively analyzed plotting a kymograph using Fiji. Blue light-induced adhesion modification was quantified by measuring the vinculin-iRFP recruitment within the photoactivation area. To do so, the integrated fluorescence intensity was measured per image frame using Fiji.
FRAP experiments were performed on NIH-3T3 vin-eGFP and RPE1 vin-eGFP plated on patterned 40-kPa hydrogels using an inverted confocal spinning disk microscope (Andromeda, TILL-FEI). Each FRAP experiment was performed as follows: prebleach, bleach, and recovery. Images were acquired every 500 ms. First, the signal was monitored over 50 time points before photobleaching (prebleach). Per cell, two adhesive cluster located at the edge of the cell were bleached within two rectangular regions of interest (ROIs) of 7.5 m 2 using a 488-nm laser at full power (bleach). Afterward, we followed the fluorescence signal over 100 time points (recovery). After waiting for 5 min, the experiment was repeated twice for the same ROIs within the same cell. The extracted fluorescence signal was fit with a biexponential curve to extract a slow and fast component ratio equivalent to the free vinculin within the cytosol and the vinculin engaged within adhesions, respectively.
Traction force microscopy
Experimentally, force measurements were conducted on cells after 2 to 4 hours of spreading using an inverted microscope (Nikon Ti-E) with a Zyla sCMOS camera (Andor) and a temperature control system set at 37°C. Single-cell force measurements were performed using a method described previously (25) . Images of fluorescent beads within the stressed and relaxed polyacrylamide substrate were taken before and after detachment of the adherent cell, respectively. The displacement field analysis was done using a homemade algorithm based on the combination of particle image velocimetry and single-particle tracking. After drift correction, bead images were divided into smaller subimages (9.22 m). Cross-correlating corresponding subimages in the stressed and reference images yields the mean displacement over each considered region. After correcting this mean displacement, single-particle tracking was performed in each subimage, leading to displacement measurements of high accuracy and a spatial resolution of 20 nm. The final displacement field was interpolated on a regular grid with 1.15-m spacing. From that, cellular traction forces were computed using Fourier transform traction cytometry with zero-order regularization (28, 50) , under the assumption that the substrate is a linear elastic half-space and considering only in-plane displacement and stress (tangential to the substrate). The final traction stress was obtained on a grid with 1.15-m spacing. To estimate the total force exerted by a cell, local stress values multiplied by the unit grid area are summed over the whole cell area. All calculations and image processing were performed with MATLAB.
1D dipole and quadrupole analysis
Cells on lines are analyzed in 1D by projecting and summing all cell-exerted traction on the axis of the line. Typically, the 1D traction exhibit two peaks, one at each cell edge, that are respectively oriented toward the positive and negative directions, forming a contractile dipole. First, small stress values corresponding to noise (less than 10% of the stress peak value) were filtered out. Then, positive-and negative-oriented tractions were considered separately. The first order moment of each traction peak was used to derive the center of mass for each traction peak: x s = (∫ xT s dx)/(∫ T s dx), where the sign s is either positive or negative referring to the considered traction direction. Then, the width of each stress peak was evaluated by computing its second-order moment centered on each center of mass, x s , by:
T s dx/(∫ T s dx).
Last, the asymmetry factor is obtained from the normalized difference between the width of positive-and negative-oriented traction, (D + − D − )/(D + + D − ). This factor is closely related to the "force quadrupole" used in other works. It has values between −1 and 1. Its amplitude quantifies the degree of force asymmetry (0 corresponding to a symmetric stress distribution), and its sign indicates the direction of this asymmetry.
In this way, the force asymmetry is evaluated at each time point (one point every minute) on TFM movies of cells on lines. To statistically investigate the force-motion relation, we divided the 4-to 5-hour movies into 30-min intervals. For each time interval, the cell was deemed to be either in a static or a moving phase based on the average velocity of its nucleus. Static phases correspond to velocity slower than 0.1 m/min, while moving phases correspond to velocity higher than 0.3 m/min. The mean asymmetry amplitude was calculated by averaging the force asymmetry factor over each 30-min interval. Since cells motion have equal probability to be directed toward the right or the left, raw asymmetry values are centered around zero. To distinguish noise from motion-induced asymmetry, the final asymmetry amplitude was defined as the raw asymmetry values multiplied by the sign of the cell velocity (averaged over the same interval).
F-actin staining and asymmetry analysis
Silicon rhodamine (SiR)-actin (Spirochrome) was used to stain F-actin within life cells. Cells were incubated overnight with 100 nM SiR-actin and 10 M verapamil. A Nikon Ti-E inverted microscope was used to image the cytoskeleton structure over several hours.
Actin fluorescence images were analyzed to quantify actin asymmetry using the following procedure: After smoothing, the image was divided at the position of the cell nucleus into two subimages, corresponding to the left and right edges of the cell. The transverse actin distribution width each extremity, W left and W right , were estimated by projecting each subimage onto a line orthogonal to the migration axis and by calculating the centered second-order moment of the resulting profile. Comparing these two widths enabled us to quantify asymmetries in the shape of the actin distribution. The asymmetry factor was defined as:
Optogenetic experiments
Our Nikon Ti-E inverted, fluorescent microscope was equipped with a digital mirror device (Nikon) to locally control area of illumination with a 460-nm light-emitting diode. NIH-3T3 optoGEF_ RhoA cells were plated as described on patterned hydrogels and kept at 37°C during all optogenetic experiments. Images were acquired every 15 or 60 s. First, cells were observed before photostimulation for at least 10 min. During the subsequent photoactivation cycle, one side of the cell was locally exposed to 150-ms bluelight pulses every minute over a period of at least 15 min. A relaxation period of at least 15 min was done in between two subsequent photoactivation cycles. We were able to perform bead imaging for TFM and/or actin imaging in parallel with the optogenetic stimulation.
Position tracking and cell length/velocity measurements Single-cell tracking and extraction of morphometric parameters (front, rear, and nucleus positions) was performed on time-lapse bright-field images of cells migrating on lines by manually clicking on those structures on each frame. Images acquired in the present work (RPE and NIH cells) have been recorded every 5 min, while data originating from the cell race have an interval of 15 min between frames.
The time traces of the morphometric parameters were analyzed in MATLAB. First, the cell center position (middle of the front and rear positions) was smoothed by convolution with a 15-min flat window. The migration velocity and cell length were calculated over an interval of 30 min. We chose this short interval to capture the instantaneous velocity (knowing that the cell race videos have a temporal resolution of 15 min). Then, these instantaneous velocities (in absolute value) and the cell length were averaged over one time trace corresponding to one cell. Each cell was represented by one data point in the velocity versus length graph depicting different cell types. Videos of PRE1 and NIH-3T3 (with or without inhibitor) had a higher time resolution (one frame every 5 min) but were smoothed, and migration parameters were calculated over the same time interval used for the cell race data.
Statistical analysis
All data were plotted and statistically analyzed in GraphPad Prism (GraphPad Software, San Diego, CA, USA). To test the significance in between data, we performed two-tailed Student's t tests. Error bars on graphs represent the SD. If a linear fit was applied, GraphPad Prism computed it with a confidence interval of 95%.
SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/ content/full/6/1/eaau5670/DC1 Supplementary Text Fig. S1 . Polarization of the actin cytoskeleton. Fig. S2 . Mechanical interaction between the cell and its environment decreases upon the initiation of migration. Fig. S3 . Force-length correlation during stick-slip migration. Movie S1. Adhesion dynamics of RPE1 and NIH-3T3 cells.
